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ABSTRACT: DNA photolyase (PL) is a monomeric flavoprotein that repairs cyclobutylpyrimidine dimers
(CPDs) via photoinduced electron transfer from a reduced flavin adenine dinucleotide cofactor (FADH-)
to the bound CPD. We have used subpicosecond UV transient absorption spectroscopy to measure the
electron-transfer and repair kinetics ofAnacystis nidulansDNA photolyase with dimeric and pentameric
oligothymidine substrates. Here we show that the electron-transfer lifetime is 32( 20 ps for the pentameric
substrate. Repair of the carbon-carbon double bonds (CdC) in the CPD is initiated in∼60 ps, and bond
scission appears to be completed by 1500 ps. This suggests that the repair of the two CdC bonds proceeds
sequentially and that the first bond scission has a much lower activation barrier than the second. Our
experiments also suggest that the semiquinone FADH• cofactor is not reduced to its catalytically active
FADH- state by substrate after repair but remains in the semiquinone state. In contrast to the longer
substrate, the dinucleotide substrate produced a mixture of kinetics representing bound and unbound
substrate.

DNA photolyase is a monomeric flavoprotein that selec-
tively binds and repairs CPDs1 by the direct reversion of
the cyclobutane lesion (1). Binding of the substrate is a light-
independent process. The first step in the putative repair
mechanism (2-6) requires blue light, which drives the two-
electron-reduced flavin adenine dinucleotide cofactor (FADH-)
to an excited singlet state (1 f 2; see Scheme 1). This is
followed by electron transfer to the CPD

with rate constantkeT, generating the CPD radical anion
T<>T•- and leaving the FAD cofactor in its semiquinone
state, PLsq

• (2 f 3). Bond scission is thought to compete
with recombination of the electron

but this rate constant,krec, must be much slower than the
bond scission rate since the quantum yield for repair is nearly
unity (1). A similar argument can be made for the competi-
tion between electron transfer and internal conversion (2 f
1, keT . kic). The thymidine dimer radical anion subsequently
undergoes reorganization spontaneously at room tempera-
ture (7) to form the monomer base and base anion radical

(T-T•-, 5). Bond breaking may involve a sequential mech-
anism where the C5-C5′ bond breaks with a rate constant
k1 followed by scission of the C6-C6′ bond (k2) (or Vice
Versa, in either case3 f 4 f 5). Another possibility is that
bond scission is concerted (kcon, 3 f 5). It is generally
accepted that the electron from T-T•- is transferred back
to FADH• to re-form FADH- (kbeT, 5 f 6), although when
this back electron-transfer step occurs has not been firmly
established. Dissociation of the protein-substrate complex
is thought to occur at a much later time with a rate constant
kdiss (6 f 7).

Because the reaction is light-driven, visible spectroscopies
have been used to detect and assign intermediates in the
electron-transfer and repair pathways. A significant number
of transient absorption studies involving dinucleotide sub-
strates interrogated by a visible light probe (ca. 400-900
nm) have been performed over the last 17 years in an effort
to understand the details of the repair reaction (6-17). These
time-resolved experiments suggest that repair is complete
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in ∼2 ns and that the lifetime for electron transfer is∼100
ps for the T<>T dinucleotide substrate (7). The interpreta-
tion of the visible light probe studies is complicated precisely
because the relevant radical intermediates absorb in this
region. For example, some of the radicals that absorb at 410
nm are thought to be intermediates in the repair process (e.g.,
FADH•, T<>T•-, and T•-; see refs3, 4, 7, and11), while
others are potentially involved in the photoreduction of
FADH• (e.g., Trp•+, Trp•, and Tyr•+; see refs14 and16), a
process whose physiological significance has not been
established. Since these processes could be occurring in
parallel, it has been difficult to assign the kinetics and
develop an unequivocal model of the repair mechanism.

Instead of looking for transient intermediates in the visible
region, we have focused on the ultraviolet spectral region
because the repair of the CPD involves breaking the cyclo-
butane ring with concomitant re-formation of the C5-C6
and C5′-C6′ double bonds of the adjacent thymidines (see
the CPD structure included in Scheme 1 for the numbering
used in this paper). These bonds absorb strongly at 265 nm
(ε ) 9500 M-1 cm-1) (18). So, by monitoring changes at
this wavelength as a function of time, we can selectively
observe the thymidine bases that manifest a CdC bond in
the course of repair. From these data, we can then construct
a mechanism for ascertaining whether the repair of the
C5-C6 and C5′-C6′ double bonds of the CPD occurs
sequentially or in a concerted fashion. This paper presents
our preliminary results.

Using subpicosecond resolution, we have obtained evi-
dence that electron transfer and dimer repair occur much
faster than previously reported. We also report a dramatic
dependence of these kinetics on substrate length. Finally,
we have observed that under our experimental conditions
the flavin adenine dinucleotide cofactor is left in the
semiquinone state after repair and that this state persists until
reduced, either photochemically or by a chemical donor. The
nature of this reactivating electron-transfer step, the electron
acceptor for the repaired substrate radical anion, and the rate
of dissociation of the protein-substrate complex have not
yet been uncovered.

MATERIALS AND METHODS

Materials. Blue Sepharose FF was purchased from Am-
ersham Biosciences. DNA cellulose resin, lysozyme, and
FMN (>98% pure) were purchased from Sigma. FAD
(>98% pure) was purchased from ICN Pharmaceuticals.
Desalting columns (P-6DG) were purchased from Bio-Rad.
All other reagents were of the highest quality available. The
reaction buffer was 50 mM Tris (pH 7.5), 10 mM 2-mer-
captoethanol, 10 mM DTT, 100 mM KCl, 1 mM EDTA,
and 5% glycerol, unless otherwise indicated. Storage buffer
was reaction buffer with 50% glycerol. Lysis buffer was 50
mM potassium phosphate, 100 mM NaCl, 1 mM EDTA, 1
mg/mL benzamidine, and 10 mMâ-mercaptoethanol (pH
8.0). Buffer A was 50 mM Tris, 1 mM EDTA, 10 mM
â-mercaptoethanol, and 5% glycerol (pH 7.5) with varying
amounts of KCl. Buffer B was 50 mM potassium phosphate,
1 mM EDTA, 10 mMâ-mercaptoethanol, and 20% glycerol
(pH 7.4) with varying amounts of KCl.

Photolyase Protein and Substrates.Photolyase is known
to incorporate a second or antenna chromophore. This

antenna pigment is folate inEscherichia coliand deazaflavin
in Anacystis nidulans(1). E. coli cannot produce deazaflavin,
so only FAD is present whenA. nidulansphotolyase is
overexpressed inE. coli (19, 20). The lack of this antenna
molecule simplifies the electron-transfer and repair kinetics
but leaves the protein fully functional (21, 22).

A. nidulansDNA photolyase was overproduced by trans-
forming competent JM109E. coli cells (Promega) with a
plasmid containing the PL gene (20) (pUNC1993, a generous
gift of A. Sancar of the University of North Carolina, Chapel
Hill, NC). The overexpression and purification of the protein
have been described previously (20). E. coli cells were grown
in 5 L of terrific broth at 37°C. When the optical density of
the cells at 600 nm was between 0.6 and 1.0, the cells were
induced with 2 mM IPTG and grown for∼5 h. The cells
were harvested by centrifugation, flash-frozen in liquid
nitrogen, and stored at-80 °C. Thawed cells were lysed on
ice using sonication (eight 30 s bursts at 25 W, with 30 s
between bursts) and lysozyme (1 mg/mL). All subsequent
steps were performed at 4°C under yellow lights or in the
dark.

A cell-free extract was obtained by high-speed centrifuga-
tion (1 h at 120000g). Saturated ammonium sulfate in water
was added to a concentration of 45% and the mixture stirred
slowly to precipitate the photolyase protein over a period of
1 h. The protein pellet was removed by centrifugation at
20000g for 20 min, and then a second ammonium sulfate
precipitation to a concentration of 75% was performed on
the supernatant. The pellet from this precipitation was
suspended in a minimal quantity of buffer B with 20 mM
KCl and applied to several desalting columns prepared with
the same buffer. The desalted fractions were loaded onto a
Blue Sepharose column (∼50 mL) and washed with buffer
B with 20 mM KCl until the absorption at 280 nm dropped
below 1 OD unit. Elution was achieved with a 1 mL/min
KCl gradient from 20 to 500 mM. The eluent was desalted
with desalting columns prepared with buffer A with 20 mM
KCl and loaded onto a 10 mL DNA cellulose column at 0.25
mL/min. (23). This step was crucial to reduce background
absorption in the ultraviolet. A KCl gradient from 20 to 500
mM was used to elute the protein. The purified photolyase
was concentrated and exchanged into storage buffer using
30 kDa molecular mass cutoff centrifugal concentrators
(ViaSpin ultrafree) and stored at-80 °C until further use.

The purity of the protein was determined spectrophoto-
metrically.A. nidulansPLsq

• with no antenna cofactor present
is expected to have anA280:A580 ratio of ∼29:1. This ratio is
derived from the literature value for the extinction coefficient
of the semiquinoneE. coli enzyme at 280 nm by modifying
it to reflect the lack of folate (24) and the presence of two
additional tryptophan residues found in theA. nidulans
photolyase (25) as compared to theE. coli protein (26). The
extinction coefficient forE. coli PLsq

• (ε280) equals 137 300
M-1 cm-1, and the folate cofactor contributes 16 000 M-1

cm-1 to this (24). The folate-depletedE. coli protein will
have anε280 of 121 300 M-1 cm-1. TheA. nidulansprotein
has two additional tryptophan residues, each of which will
contribute 5580 M-1 cm-1 to the extinction coefficient.
Therefore, we expectA. nidulanslacking the deazaflavin
cofactor to have an extinction coefficientε280 of 132 460 M-1

cm-1. Using the experimentally determined extinction coef-
ficient (ε580) for theA. nidulansflavin semiquinone (20) of
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4500 M-1 cm-1 leads to the ratio of 29:1 for purified protein.
TheA280:A580 ratio for PLsq

• obtained in our laboratory after
purification was∼30:1, indicating that the enzyme has been
purified to homogeneity. Absorption spectra were taken using
an HP 8452A photodiode array spectrometer with 2 nm
resolution.

E. coli photolyase, reconstituted to contain only the FAD
cofactor, was used for substrate-induced spectral shift
experiments. This protein was overexpressed in JM109 using
the pMS969 plasmid, also a gift of A. Sancar. The purifica-
tion and reconstitution procedures for this photolyase have
been described previously (15, 27).

Dinucleotide CPDs with both 3′ and 5′ terminal phosphates
were obtained by near-UV irradiation of thymidine dinucle-
otides (ChemGenes) in the presence of acetone. The CPDs
were processed and purified as described previously (15) to
generate thecis-syn dimer. Pentameric thymidine DNA
(Transgenomic) was irradiated as described for the dinucle-
otide. Strands containing CPDs were purified using HPLC
with a water/methanol gradient on a YMC J-Sphere C18

column. No attempt was made to differentiate between
various dimers of the d(T<>T)5 oligo [e.g., d(T<>TTTT),
d(TT<>TTT), etc.], but UV absorption measurements are
consistent with one CPD per oligo (data not shown). The
repair activity of both proteins was assayed as described
previously (15) using 3 µM photolyase and the above
substrates in reaction buffer with 50% glycerol. Both proteins
repaired the substrates when irradiated with 365 nm light
from a hand-held UV lamp (data not shown).

Steady-State UV-Vis Spectroscopy.Ultraviolet absorption
spectra forA. nidulansPLsq

• and PLred
- were recorded on 7

µM protein samples in reaction buffer in a 3 mmpath length
to determine the location of isosbestic points, especially
around 265 nm. Purification of the protein as described above
often resulted in a mixture of oxidation states, including PLox.
To ensure that only a single oxidation state was present, a
quartz cuvette containing the protein was purged for 20 min
with argon after which the protein was photoreduced on ice
using a water-filtered 60 W light bulb at a distance of∼10
cm (8) until no absorption of PLox or PLsq

• was measurable.
The PLred

- sample was then left in the dark at 4°C overnight
with access to air provided by pinholes in a Parafilm cover
of the cuvette to quantitatively generate the semiquinone,
PLsq

• (22). UV-vis absorption spectra were recorded on this
sample after referencing the spectrometer to the reaction
buffer. The protein was then photoreduced to Plred

- as
described above, and a spectrum of this state was recorded.

Laser Spectrometer and Sample Handling.The laser
spectrometer and detection equipment have been described
in detail (15). The titanium-sapphire laser used in these
experiments generatesca. 100 fs duration pulses at a
repetition rate of 1 kHz. The fundamental of the laser is
tunable from∼770 to∼840 nm. For these experiments, a
398 nm pump beam was generated by second-harmonic
generation of the fundamental in a 2 mmthick type I BBO
crystal. The spectrum of the pump pulse was measured with
0.5 nm resolution. A fit of the spectrum to a Gaussian
function gave aσ of ∼1.8 nm (data not shown). The
corresponding Fourier transform limit of the pulse width was
∼400 fs. This represents a lower limit to the pump pulse
width.

Typical pump pulse energies were 4-5 µJ as measured
with a Si joulemeter (Molectron J3S-10). The pump beam
was loosely focused into the sample cell, giving a beam
diameter of∼150-200 µm and a sample volume of∼12
nL/shot. This resulted in an excitation intensity of less than
∼250 µJ/mm2.

The probe beam (265 nm) was generated by mixing
portions of the fundamental and second-harmonic in a 1 mm
thick type II BBO crystal in a near-collinear geometry. The
probe beam was separated from the fundamental and second-
harmonic beams by spatial filtering followed by a UV
interference filter centered about 266 nm. A Gaussian fit to
the spectrum of this pulse gave aσ width of ∼1.1 nm (data
not shown). This gave a Fourier transform-limited pulse
width of ∼450 fs. The pulse energy was∼2-3 nJ. The beam
diameter at the sample was calculated to be 10µm after
focusing with a 3 in. diameterf/4.5 aluminized parabolic
reflector (Edmund Scientific) assuming a Gaussian beam
shape. The pump beam polarization was rotated to the magic
angle with respect to the probe beam using a quartz half-
wave plate. The angle of incidence between the pump and
probe beams was∼2°.

The sample cell was designed to provide anaerobicity and
sample replacement between shots. It was constructed from
two 3 mm thick by 1 in. diameter sapphire windows (Meller
Optics) separated by a3/32 in. thick silicone rubber O ring.
The path length was∼1.6 mm. The cell was clamped in a
circular aluminum holder by six bolts that were adjusted to
make the windows as coplanar as possible. During the laser
experiments, the cell was mounted in a bearing and spun at
several hertz to ensure sample replacement between shots.

Excitation of the buffer alone gave rise to a Kerr lens
representing the temporal cross correlation of the pump and
probe pulses. The glycerol in the buffer was primarily
responsible for this effect (28), and these buffer solutions
were used to obtain the instrument response function (IRF)
of the spectrometer. An IRF width of∼0.85 ps was obtained
by fitting the Kerr lens transient to a function consisting of
a Gaussian and an exponential function with a short lifetime

The exponential function was necessary because the temporal
profile of the Kerr lens was not symmetric (τIRF < 1 ps).
However, the amplitude of this exponential component was
small compared to the Gaussian (a few percent), so the 0.85
ps resolution that is cited is dominated by the Gaussian
component with a width ofσIRF.

Experiments involving both enzyme and substrate were
performed by mixing reduced protein with dried CPD-
containing DNA in a N2-purged glovebag just prior to
loading the sample cell. The ratio of substrate to protein was
not less than 3:1, so extensive signal averaging could be
performed. Typically, 20-30µM protein solutions were used
so that the overall UV absorption at 265 nm was less than
0.8 before the addition of substrate. The pentameric substrate
has an intrinsic extinction coefficient of∼29000 M-1 cm-1

at 265 nm, limiting the substrate:protein molar ratio for these
experiments to∼5:1.

Experiments were continued until∼50% of the substrate
was repaired. This allowed for∼1 h of signal averaging at

IRF ) 1

x2πσIRF

e-(t-t0)2/2σIRF
2

+ e-(t-t0)/τIRF
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1 kHz. At the end of this period, the sample integrity and
anaerobicity were verified by UV-vis spectroscopy. Under
these conditions, some sample degradation was noted;
however, it appeared that the protein was stable against
oxidation to the semiquinone even at the highest pump power
(this was substrate-dependent; see below). All kinetic data
were obtained at room temperature in the dark, while sample
loading was performed under yellow light.

Data Analysis.All calculations were performed ong1
GHz AMD Athlon-based PCs. The transient data were
analyzed using two different methods. This was done to make
sure the Kerr lens did not affect the fitted parameters. A
“convolute and compare” algorithm was used to fit the raw
data as described below. In the second method, the Kerr lens
was fitted with a Gaussian function and the function
subtracted from the raw data. The result was fitted using a
sum of exponentials as described below. Both methods
produced parameters that were the same within error. Error
estimates accompanying measurements represent the standard
deviation of fitted parameters for at least three scans except
for the 10:1 d(T<>T)2:PLred

- experiment, which was
performed twice. The parameters from single scans are
indicated when no standard deviation is given.

A convolute and compare algorithm with up to three
exponential functions and the IRF was used to fit the raw
data (the fast exponential component used to fit the IRF,
typically less than 1 ps, is omitted from the data presented
in Table 1). This method has been used widely (29-31).
Briefly, a set ofn exponential functions with lifetimes of
τ1-τn are convoluted with the fitted IRF. Amplitudes for
this set of functions,A1-An, respectively, are obtained by a
linear least-squares fit of the convoluted exponential func-
tions with the experimental data. A test function is con-
structed

whereX indicates the convolution process,t0 is the excitation
zero of time, andAIRF is the amplitude of the IRF used to fit
the Kerr lens signal. The sum of the residuals of the fit
[residuals) x(test - data)2] is minimized using either a
simplex or Marquardt-Levenberg technique (MATLAB 6.5,
The Mathworks) until no further improvement was obtained.
The tabulated parameters presented herein are those obtained
from the convolute and compare algorithm.

A check on this analysis was performed by subtracting
the Kerr lens artifact from the data and fitting this decay
using a multiexponential function. This was done by first
fitting the Kerr lens transient to a Gaussian function for a

given data set such thatt < 0.3 ps. The Gaussian obtained
from this procedure was then subtracted from the data set.
This treated data were fitted to a sum of either two or three
exponentials beginning after the minimum in the signal,
typically around at of >1.2 ps. By this time, the contribution
of the instrument response to the kinetics has become
negligible. OriginLab 7.0 (Microcal) was used to fit the
multiple-exponential functions. No significant difference in
the amplitudes, time constants, or number of components
between the above approach and the convolute and compare
algorithm was evident within the standard deviation obtained
using the convolute and compare algorithm.

RESULTS

Spectral Shift Due to Substrate Binding.To perform the
time-resolved experiments, it was necessary to identify the
minimal length substrate that bound tightly to PL while
avoiding an overly high background absorption at 265 nm.
A spectroscopic assay was used to determine whether a short
thymidine oligomer containing a CPD gave productive
binding compared to a longer substrate (15, 27). To this end,
a d(T<>T)5 substrate was combined with oxidized folate-
depletedE. coli photolyase. A blue spectral shift (4( 2 nm)
was observed for the S0 f S2 band (∼370 nm) by steady-
state UV-vis spectroscopy (Figure 1). This shift is the same,
within experimental error, as that obtained in our laboratory
for a d(T<>T)18 substrate (15) and by Jornset al. (27),
although a concomitant blue shift of the S0 f S1 band (∼1.7
nm) was not observed. This smaller shift was resolved in
the previous experiments by using a higher-resolution
spectrometer (0.5 nm); therefore, the 1.7 nm blue shift was
not expected to be resolved using the 2 nm band-pass

Table 1.

species τ1 (ps) τ2 (ps) τ3 (ps) A2/A1
a A3/A1 A3/A2

FADH- 4 121 - 9.6 - -
FMNH- 41 843 - 6.3 - -
PLsq

•* 16 3300 13700 0.7 -0.5 -0.75
PLred

- 7 ( 3 850( 70 - 3.2( 1.5 - -
d(T<>T)2-PLred

- (5:1) 9( 3 500( 240 10200( 5000 1.9( 0.8 -0.1( 0.1 -0.1( 0.1
d(T<>T)2-PLred

- (10:1) 6.5( 0.8 415( 270 6167( 4010 1.8( 0.7 -0.2( 2 0.1( 0.9
d(T<>T)2-PLred

- (20:1) 38( 10 589( 70 8500( 2900 1.4( 0.1 -1.3( 0.3 -0.9( 0.2
d(T<>T)5-PLred

- (4:1) 32( 20 600( 300 6500( 5100 1.7( 0.8 -1.5( 0.7 -1.0( 0.3
a A1 andA2 are negative.

test(τi,AIRF,t0;t) ) AIRF(IRF) + ∑
i)1

n

Aie
-(t-t0)/τi X IRF

FIGURE 1: UV-vis absorption spectra of folate-depletedE. coli
PLox (s) and the d(T<>T)5-PLox complex (O) in a 5:1 molar
ratio. The PLox concentration was 8µM for both spectra. A spectral
blue shift of∼4 nm can be seen for the S0 f S2 transition (centered
around 370 nm) for the substrate-protein complex.
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spectrometer. No shift was observed for dinucleotide CPDs
containing either two or three backbone phosphates at a
substrate:protein molar ratio of up to 20:1 (15). These results
suggest that the binding geometry for d(T<>T)5 is similar
to that of a longer oligo, while the d(T<>T)2 substrate-
protein complex has a different geometry (32).

UltraViolet Absorption Spectra of FMNH- and Photolyase.
The extinction coefficient of PLred

- is ∼3000 M-1 cm-1 at
the excitation wavelength of ca. 400 nm (20). However, it
is the extinction coefficient at 265 nm that will determine
the initial magnitude of the transient absorption signal, in
the absence of any excited-state absorption. We estimate that
the molar extinction coefficient at 265 nm (ε265) for the fully
reduced anionic isoalloxazine moiety equals∼16000 M-1

cm-1. This value is based on the extinction coefficient of
FMNH- at this wavelength obtained in our laboratory by
steady-state UV-vis absorption spectroscopy on FMN
samples photoreduced in pH 8.2 buffer using oxalate as a
reductant (33) (data not shown). We show below that
excitation at ca. 400 nm leads to a net ground-state bleach
of the flavin chromophore probed at 265 nm.

Since the transient absorption experiments utilized a 265
nm probe, it was necessary to obtain the steady-state UV
spectra ofA. nidulansPLsq

• and PLred
-. After photoexcitation

of the FADH- cofactor in PLred
-, electron transfer to the

CPD will leave the flavin in its semiquinone state, FADH•

(11). With the probe wavelength set slightly off of the
isosbestic point at 267 nm, the kinetics of this electron-
transfer reaction will be evident. However, to differentiate
between the electron-transfer and repair steps, it is necessary
to account for the difference in the extinction coefficients
between PLred

- (FADH-) and PLsq
• (FADH•) at 265 nm and

compare this difference to the extinction coefficient resulting
from the complete repair of the CPD.

Spectra for a 7µM sample of photolyase are shown in
Figure 2. The UV difference spectrum [∆A(PLsq

• - PLred
-)]

exhibited isosbestic points at 267( 2 and 281( 2 nm (see
the inset in Figure 2). The value of the UV difference
spectrum at 265 nm gives an absorbance change∆A of
-0.012( 0.001. This corresponds to a change in∆ε265 of
-5800 M-1 cm-1. Full repair of the CPD will result in an
extinction coefficient of approximately 19 000 M-1 cm-1,

corresponding to the appearance of the two CdC bonds.
Thus, changes in the transient absorption decay at 265 nm
will primarily reflect the absorption of the repaired CPD.
This assumes that any excited-state absorption due to
1FADH- is negligible and that the CPD radical anion
extinction is small compared to 19 000 M-1 cm-1. We
discuss these two points below.

Control Experiments: Kinetics of1FADH-, 1FMNH-, and
1PLred

- Probed at 265 nm.As a control, the decay of
1FADH- in pH 8.2 phosphate buffer was monitored at aλprobe

of 265 nm for a 125µM solution (Figure 3). FADH- was
generated from FADox under anoxic conditions by photore-
duction in the presence of oxalate (33). The change in
absorbance for1FADH- measured 2 ps after excitation was
linear with pump power up to at least 5.2µJ/pulse (correla-
tion coefficientr ) 0.998, data not shown), indicating that
the observed kinetics are the result of a one-photon absorp-
tion. The 1FADH- decay could not be fitted to a single
exponential, in agreement with results from Enescuet al.
(34) using visible probe pulses. A two-component fit gave a
τ1 of ∼4 ps and a longer-lived component that depended on
the length of the acquisition window (Table 1). The 4 ps
lifetime is shorter than that obtained by Enescuet al. (τ1 )
17 ps), who used 312 nm subpicosecond excitation pulses
(34). However, we have shown that there is a fast component
(τ1 ∼ 4 ps) in the decay of1FADox that is due to internal
conversion caused by base stacking of the adenine with the
isoalloxazine ring (35). The results for1FADH- are consis-
tent with those measurements.

The kinetics of1FMNH- were obtained under the same
conditions as those for1FADH- to ascertain whether the
adenine moiety of FAD, which absorbs at 265 nm, affected
the observed kinetics (data not shown). Again, the kinetics
require two lifetimes for an adequate fit. The loss of base
stacking gives the expected result that1FMNH- has a
significantly slower first component than1FADH-, ∼41 ps
(compared to∼60 ps from Enescu and co-workers). The
lifetimes and amplitude ratios are given in Table 1.

The amplitude of the bleach (∆A) equals approximately
-23 mOD. This amplitude is less than expected if the signal

FIGURE 2: UV absorption spectra of PLsq
• (s) and PLred

- (O) under
anaerobic conditions. The concentration was 7µM and the path
length 0.3 cm. The region from 312 to 800 nm is magnified by a
factor of 5. The inset is the difference spectrum (PLsq

• - PLred
-)

from 250 to 290 nm, where the arrow indicates the probe
wavelength used in the transient absorption experiments.

FIGURE 3: Two color pump-probe time-resolved decay of 125
µM FADH- in pH 8.2 buffer and 30% glycerol (‚‚‚) compared to
that in 30µM PLred

- in reaction buffer (s). The pump wavelength
was 398 nm, and the probe wavelength was 265 nm. The protein
decay has been scaled to the free flavin decay for comparison. Free
1FADH- decays more quickly because of base stacking interactions
between the isoalloxazine and adenine rings. The level of this
quenching is significantly reduced in photolyase. The negative∆A
is assigned as a ground-state bleach.

8562 Biochemistry, Vol. 42, No. 28, 2003 MacFarlane and Stanley



were due solely to a ground-state bleach. We estimate that
30% of the sample volume is excited by the 5µJ pulse, based
on photoselection and optical pumping considerations. This
leads to an excited-state absorption extinction coefficient
(εESA) of approximately 12 000 M-1 cm-1. Taken together,
we assign the 265 nm transient in both FADH- and FMNH-

samples to a net ground-state bleach of the isoalloxazine
moiety.

The excited-state decay of PLred
- (30 µM) was measured

to compare it with the kinetics of both the cofactor in buffer
and the substrate-protein complexes. The signal for pho-
tolyase without substrate (1PLred

-) becomes negative due to
the ground-state bleach of the FADH- cofactor, then
increases slowly, and approaches a∆A of 0 after∼3000 ps
(only the first 25 ps of the data are shown in Figure 3 to
facilitate comparison with1FADH-; the full scan range is
shown in Figure 6). Two lifetimes were necessary to fit this
decay, with most of the amplitude in the longerτ2 ∼ 850 ps
component, and a small amplitude component (τ1) with a

lifetime of ∼7 ps (see Table 1). Both amplitude components
are negative, andA2/A1 ) 3.2 ( 1.5. The lack of any new
kinetic component in the fit compared to the simple flavins
suggests that no electron transfer takes place in the absence
of substrate. Extensive photolysis of the protein produced
some degradation of the sample, but no oxidation to the
semiquinone was seen, in contrast to the observations of
Langenbacheret al. for theE. coli protein (7).

Kinetics of the Photoreduction of PLsq
• Probed at 265 nm.

An earlier report of the ultrafast photoreduction of PLsq
• (14,

16) prompted us to examine this phenomenon under our
experimental conditions. The photoreduction process begins
following excitation of the flavosemiquinone by electron
abstraction from a nearby Trp residue:

The Trp radical cation then abstracts an electron from another
Trp (or Tyr in the case ofA. nidulans), ultimately ending in
the release of a proton to solution for stabilization of the
reduction of the protein to PLred

-.
The transient decay of2PLsq

• with a λprobe of 265 nm
following 398 nm excitation is shown in Figure 4. This
transient was fitted to three exponential functions with the
following lifetimes: τ1 ∼ 16 ps,τ2 ∼ 3 ns, andτ3 ∼ 14 ns
(see Table 1). The first two components have negative
amplitudes, while the long time component has a positive
amplitude whereA2/A1 ) 0.7 andA3/A1 ) -0.5. The 16 ps
component (better seen in the inset of Figure 4) is a factor
of 2 shorter than the 30 ps lifetime observed by Aubertet
al. (14) for the 2PLsq

• f PLred
- photoreduction inE. coli

photolyase. The lifetimes of the longer components are
consistent with the 10 ns phase observed inE. coli and
probably are an indication of the subsequent electron
abstraction events. In our work, the 265 nm transient signal
increased somewhat monotonically and passed through a∆A
of 0 at∼1500 ps. This is consistent with the slightly greater
absorption of PLred

- at 265 nm, compared to that of PLsq
•

(see Figure 2). It is possible that absorption changes at this

FIGURE 4: Pump-probe time-resolved decay of PLsq
•. The pump

wavelength was 398 nm, and the probe wavelength was 265 nm.
The large transient bleach and subsequent2PLsq

• f PLred
- reduction

(τ ∼ 16 ps) are more easily seen in the inset. The solid line is the
fit of a three-exponential function to the data (see Table 1).

FIGURE 5: (a) Steady-state absorption spectrum of the d(T<>T)2-
PLred

- complex with a molar ratio of 20:1 after∼1 h of lasing
with 4 µJ, 400 fs pulses at 398 nm. The protein concentration was
30µM. The reference for this spectrum was the reduced substrate-
protein complex before irradiation. (b) Steady-state difference
absorption spectrum of PLsq

• - PLred
- in the absence of substrate

(from Figure 2). (c) Like panel a but without substrate. The
increasing baseline to the blue is due to scatter.

FIGURE 6: Transient decay of d(T<>T)n-PLred
- complexes for

ann of 2 or 5 over 3000 ps. The d(T<>T)2:PLred
- molar ratio was

varied among 5:1 (O), 10:1 (4), and 20:1 (g), and the d(T<>T)5:
PLred

- molar ratio was 4:1 (0). The PLred
- decay (3) is included

for reference. The decays have been baseline-normalized and then
normalized to the d(T<>T)5-PLred

- decay for comparison. A
positive∆A indicates repair of d(T<>T)n. The inset shows the zero
crossing for the d(T<>T)2-PLred

- (20:1) and d(T<>T)5-PLred
-

(4:1) complexes in detail. The solid lines are fits to the decays as
described in the text.

2PLsq
•‚‚‚TrpH98

hν
PLred

-‚‚‚TrpH•+
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wavelength are due to the Trpf Trp•+ conversion; however,
we think the contribution is small. The transient absorption
spectrum of the Trpf Trp•+ conversion appears to have an
isosbestic point around 265 nm (36). More precise measure-
ments are needed to resolve this discrepancy. However, the
semiquantitative agreement between the two lifetimes high-
lights the importance of using short pulses to obtain the
kinetics of the protein-substrate complexes.

Semiquinone Buildup in Short Pulse-Irradiated Substrate-
Photolyase Complexes.Initial transient absorption experi-
ments on substrate-photolyase complexes were performed
using 398 nm pump and 265 nm probe pulses with subpi-
cosecond resolution. The substrate was mixed with PLred

-

at a minimum molar ratio of 3:1 under anaerobic conditions,
and a UV-vis spectrum was taken to verify the oxidation
state of the protein. The sample was then irradiated in the
laser spectrometer to obtain kinetic data. However, in the
course of these experiments, we were surprised to find that
substrate consumption during a run would slow significantly
after approximately one turnover of the substrate by the
protein. This effect did not depend on the rate of sample
spinning.

After the transient absorption measurement (∼1 h), another
UV-vis spectrum was taken to determine the extent of
substrate repair and to verify that the sample cell had
maintained anaerobicity. Surprisingly, significant amounts
of PLsq

• were observed consistently after laser excitation of
the substrate-protein complex (Figure 5a), the spectrum of
which matched the UV-vis difference spectrum obtained
at the steady state without any laser excitation and in the
absence of substrate (Figure 5b, from the data used in Figure
2). However, when the protein alone was irradiated with 398
nm excitation pulses, no change in the absorption spectrum
was detected (Figure 5c). As a second control, the sample
cell was spun extensively without lasing and left overnight
in the dark at 4°C on several occasions. No semiquinone
buildup was evident under these conditions. These results
suggest that PLsq

• formed after repair may persist under
conditions where the excitation pulse is short compared to
the lifetime to initiate the PLsq

• f PLred
- photoreduction

(∼16 ps). We discuss the implications of this below.
Electron-Transfer and Repair Kinetics Measured at 265

nm. Excited-state kinetics were measured for d(T<>T)2-
PLred

- and d(T<>T)5-PLred
- complexes with 850 fs resolu-

tion following excitation at 398 nm. Again, the probe
wavelength was 265 nm. To avoid the spectral complications
due to semiquinone buildup, transient absorption measure-
ments were taken in which the excitation volume was
overlapped by a loosely focused 632.8 nm, 5 mW continuous
wave (cw) helium-neon (HeNe) laser beam. The cw HeNe
beam ensures that any semiquinone formed in the excitation
volume will be photoreduced. However, it is unlikely that
the cw HeNe beam altered the measured kinetics since the
odds of absorbing a photon from such a weak source in the
3 ns experimental time window are vanishingly small. All
of the transient absorption data for the substrate-protein
complexes presented below were recorded under these
conditions, and no semiquinone buildup was observed in the
sample once this procedure was instituted.

Transient absorption decays for the d(T<>T)n-PLred
-

complexes (n ) 2 or 5) are shown in Figure 6. The result
for PLred

- is given for reference. The lifetimes for the

exponential model fits (solid lines) are given in Table 1.
Since the decays do not come to baseline in the 3 ns
measurement window, the amplitudes and lifetimes for the
longest component are only semiquantitative. However, the
A2/A1, A3/A1, andA3/A2 amplitude ratios should be compa-
rable between complexes and are given in Table 1.

The decay of the d(T<>T)2-PLred
- complex was obtained

as a function of molar ratio. The substrate:protein molar ratio
was varied between 5:1 and 20:1. Three components were
necessary to obtain a reasonable fit to the data. The decay
of the d(T<>T)2-PLred

- complex with a molar ratio of 5:1
gave a very fast component (τ1 ∼ 9 ( 3 ps) that is, within
experimental error, the same as the 7 ps component for
PLred

-. However, unlike the protein alone, the transient signal
crosses a∆A of 0 at approximately 1600 ps, indicating that
repair of the dinucleotide substrate is taking place.

Increasing the concentration of the d(T<>T)2 substrate
reduced the time at which the zero crossing occurred and
increased the final absorption at long times, both of which
are consistent with ultrafast electron transfer followed by
repair. It is difficult to assign an electron-transfer lifetime
for this substrate since we could not achieve a sufficiently
high substrate concentration to see an asymptote in the fast
component (τ1) for the d(T<>T)2 substrate, but it is likely
somewhat smaller than theτ1 ) 38( 10 ps lifetime obtained
for the 20:1 sample. The zero crossings are∼1600, 400, and
100 ps for the 5:1, 10:1, and 20:1 molar ratios, respectively,
which is indicative of a greater degree of repair. The trend
in the ratio of amplitudes upon going from low to high molar
ratios of dinucleotide substrate illustrates this point:A2/A1

trends from 1.9 to 1.4, whileA3/A1 trends from-0.1 to-1.3.
This latter trend shows that the degree of repair is small in
the 5:1 dinucleotide case compared to the 20:1 case. The
shift in the zero crossing as a function of substrate suggests
that the d(T<>T)2-PLred

- transients represent a sum of
decays from substrate-protein complexes and free protein.

Both τ1 and the zero crossing time appear to be fastest
for the d(T<>T)5-PLred

- complex with an average molar
ratio of 4:1. The transient in Figure 6 is an average of data
for molar ratios between 3:1 and 5:1. This range was limited
by the overall UV absorption of the pentameric substrate.
No trend in the lifetimes with the substrate:protein molar
ratio was evident over this range within the signal to noise
ratio range. However, the amplitude ratios reflect the fact
that the pentameric substrate is more productively bound than
the dinucleotide substrate. TheA3/A1 ratio of approximately
-1.5 shows that more repair is evident for the pentameric
substrate than for the dinucleotide substrate.

If we assume the kinetics of the pentameric substrate-
protein complex represent the true kinetics regardless of
substrate length, then it should be possible to fit the
dinucleotide decays to a weighted sum of the pentameric
decay and the decay of PLred

- without any substrate. This is
shown in Figure 7 where the solid lines represent the function
F(t), whereF(t) ) c5[d(T<>T)5-PLred

-](t) + cPL[PLred
-](t).

The coefficientsc5 andcPL are the weighting coefficients of
the [d(T<>T)5-PLred

-](t) and [PLred
-](t) decays, respec-

tively. These coefficients are given in Table 2 and were
obtained by simultaneously fitting all of the data over a time
window from 2 to 3000 ps. The coefficients for each
substrate concentration in Table 2 have been normalized to
unity for comparison. The agreement between the fits and
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the data is reasonable, lending support for this model. From
the coefficients, it appears that only∼20% of the dinucleo-
tide substrate is effectively bound for repair at the 5:1
substrate:protein molar ratio. Thus, the largest contribution
to the signal at this molar ratio is the protein decay. Even at
20:1, there is still a significant contribution (17%) from the
free protein.

Using these coefficients, it should be possible in principle
to extract an effective association constant

where the indicated concentrations are the initial values.KA
eff

can then be compared to aKA of 18 000 M-1 as determined
from gel shift assays (23). The KA

eff obtained from this
analysis is not constant using the coefficients from Table 2.
However, our results suggest that the association constant
for the dinucleotide substrate derived from gel shift assays
is an overestimate.

A fit of the d(T<>T)5-PLred
- decay required three

components (see Table 1) which match those obtained for
the 20:1 d(T<>T)2-PLred

- sample within experimental error.
The fastest time constantτ1 equals 32( 20 ps. To assign
this lifetime as the electron-transfer lifetime, it is necessary
to account for the extinction of the CPD radical anion,
T<>T•-. To our knowledge, the extinction coefficient of
this species has not been measured in the UV. However,
Hayon has shown that the extinction coefficient of dihy-
drothymine radical anion is less than 1600 M-1 cm-1 at 265
nm and pH 5 (37). If we assume that this valve is not very
sensitive to pH, then the sum of the T<>T•- extinction
coefficient and the difference extinction coefficient for
formation of PLsq

• from PLred
- (∼5800 M-1 cm-1) is around

7400 M-1 cm-1. This is less than half of the 16 000 M-1

cm-1 value responsible for the ground-state bleach after
excitation (the excited-state absorption component of the

signal will decay with a rate constantkeT upon electron
transfer from1PLred

- to the CPD). Therefore, a quantitative
recovery of the bleach to a∆A of 0 is not expected for
electron transfer only. On the basis of these considerations,
we assign the 32 ps lifetime as the electron-transfer lifetime
[τ1 ) τeT ) (keT)-1 (2 f 3, Scheme 1)], which is∼3 times
shorter than that previously measured for the thymidine dimer
substrate (7).

Having accounted for the electron-transfer step, we suggest
that the recovery of the transient up to and beyond a∆A of
0 is indicative of the repair of the substrate. In the absence
of repair, the signal should reach a level corresponding to a
∆ε of approximately-5800 M-1 cm-1 because of the
FADH- f FADH• conversion. However, the zero crossing
at ca. 60 ps suggests that one of the CdC bonds of the
substrate is re-formed almost immediately after electron
transfer (3 f 4, Scheme 1) and that the rate of this process
is limited by the electron-transfer lifetime. This is true only
if there are no other intermediates that have a comparable
transient absorption strength. A possibility is that the zero
crossing is due to electron transfer from the isoalloxazine to
the adenine moiety, or to a nearby tryptophan molecule (e.g.,
Trp286 in A. nidulans). However, Trp radicals have very
low extinction coefficients in this region of the spectrum (36).
In addition, if electron transfer involves either an amino acid
residue or the adenine, then this spectral signature should
be seen upon excitation of the protein without substrate. This
was not observed. Thus, we think that the zero crossing
reflects the absorption of the repaired substrate following
electron transfer. This suggests that one CdC bond is formed
almost immediately upon electron transfer with little or no
activation barrier.

Although the zero crossing for the decay of the pentameric
substrate-protein complex occurs within∼60 ps, the signal
continues to increase until a maximum is reached around
1500 ps with a modest decay of absorption out to the 3000
ps limit of the scan. The same trend is also seen for the 20:1
molar ratio experiment using d(T<>T)2 and comes out of
the fitting of the decays for all experiments with substrate.
We deal with this issue below. The increase to 1500 ps is
much more than five electron-transfer lifetimes (∼160 ps).
Furthermore, the magnitude of∆A at 1500 ps is comparable
to the magnitude of∆A for the initial bleach. If repair is
complete, then we expect the change in the extinction
coefficient due to the CdC bonds (∆εCdC) to be∼2 × 9500
M-1 cm-1 (19 000 M-1 cm-1) at this wavelength. Thus, we
expect that the absolute change in absorption due to repair
at the probe wavelength will be slightly more than the
ground-state bleach. It is seen that this is roughly the case.
A proper analysis of the absorption change will have to take
into account the relative orientation of the FADH- and
CPD•- transition dipole moments. In addition, it is likely
that the maximum∆A is due to the formation of T-T•- as
opposed to T-T (4 f 5, Scheme 1). However, within these
constraints, the observed∆A corroborates the assignment that
the 265 nm transient is due primarily to repair of the CPD
and does not represent spectroscopic changes due to the
flavin or the protein. Taken together, these results imply that
a second repair step is occurring with a lifetime much longer
than 100 ps. A rough estimate would be 600 ps, the time
constant obtained as the second component of the fit. These
results are in contrast to those obtained by Kimet al. (13),

FIGURE 7: Fit (s) of the sum of the d(T<>T)5-PLred
- and PLred

-

decays to the dinucleotide decays, at d(T<>T)2:PLred
- molar ratios

of 5:1 (O), 10:1 (4), and 20:1 (g). The coefficients for the fit are
given in Table 2.

Table 2

species c5 cPL

d(T<>T)2-PLred
- (5:1) 0.20 0.80

d(T<>T)2-PLred
- (10:1) 0.45 0.55

d(T<>T)2-PLred
- (20:1) 0.83 0.17

KA
eff c5[PLred

-]

(cPL[PLred
-])([d(T<>T)2] - c5[PLred

-])
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who observed a 420 nm transient with a lifetime of 0.5-2
ns for the U<>T but not for the T<>T substrate.

The slight decrease in absorption after 1500 ps is sugges-
tive of electron transfer from T-T•- to an unidentified
acceptor. This interpretation is supported by the work of Yeh
and Falvey (3), who showed that T-T•- has a greater
extinction coefficient than T-T at 265 nm. It has been
assumed that electron transfer from the repaired substrate
supplies the reducing equivalent for the flavin cofactor:
T-T•- + PLsq

• f T-T + PLred
- (5 f 6, Scheme 1).

However, the observation of semiquinone buildup in our fast
pulse experiments suggests that the final electron acceptor
for the excess electron on T-T•- is not the flavin cofactor,
and that FADH• is reduced by another mechanism. This is
discussed below.

DISCUSSION

In 1990, Jorns and co-workers observed a blue shift in
the absorption spectrum of oxidized photolyase bound to a
CPD in a T18 oligo (27). We reproduced these experiments
and constructed a model (15) that suggests that the spectral
shift is electrochromic in origin and due to the interaction
of the substrate dipolar electric field with the difference
dipole moments of the FAD cofactor (38). Interestingly, the
spectral shift was absent when a dinucleotide substrate was
used, even at concentrations where the equilibrium associa-
tion constant predicted that the protein should be fully loaded
with substrate (23). In this work, a spectral shift was
measured with the d(T<>T)5 substrate which was similar
to that obtained for the T18 oligo. Work by Jornset al. (32)
and Kim and Sancar (23) reported a dependence of photo-
lyase repair activity on substrate length and concentration.
Corroboration of this is provided by the higher yield of repair
for the pentameric substrate found in this work. Thus, it is
clear from our results that this substrate length dependence
must be taken into account to properly interpret the kinetics
and mechanism of the repair reaction.

Earlier measurements of the electron-transfer lifetime were
obtained by time-correlated single-photon counting (TCSPC)
in the presence of low molar ratios of substrate to protein.
E. coli photolyase, using either d(T<>T)2 or d(T<>T)15

substrates (10), gave an electron-transfer lifetimeτeT of ∼140
ps. The TCSPC experiments had a resolution of 80 ps with
an excitation pulse width of 30 ps. From our results, it is
not clear why the lifetime obtained for the d(T<>T)15

substrate was the same as that for the dinucleotide substrate.
TCSPC experiments onA. nidulansphotolyase and d(T<>T)2

substrate at saturating concentrations (12) gave the same
lifetime using 30 ps resolution. In both cases, a longer-lived
component was assigned to free protein but the 7 ps
component for PLred

- measured in this work was not
observed.

The transient absorption experiments of Okamuraet al.
(11) were carried out with 12 ps resolution but used low
dinucleotide substrate:protein molar ratios. We repeated these
experiments with a d(T<>T)18 substrate and obtained
essentially the same result using a white light continuum
probe with 300 fs resolution (data not shown). No HeNe
laser was used in our experiment to avoid semiquinone
buildup. In both experiments, photoreduction of the semi-
quinone would wash out any positive absorption changes

around the 580 nm semiquinone absorption, eliminating
evidence of a long-lived semiquinone after repair.

Langenbacheret al. (7) acknowledged the possibility of
an uncomplexed enzyme in their 100 ps resolution transient
absorption experiments using a visible wavelength probe.
They fitted their data to two exponentials, assigning the fast
component to substrate-bound photolyase and the slower
component to unbound enzyme. These experiments used
dinucleotide substrates with folate-reducedE. coli photolyase
in a 5:1 molar ratio. The electron-transfer rate obtained for
the T<>T lesion was (100-50

70 ps)-1, ∼3 times longer than
that obtained in this study for the same substrate at a 20:1
molar ratio. Again, the 100 ps pulse width would be effective
at photoreducing some of the semiquinone formed by
excitation, leading to a mixture of populations undergoing
ultrafast dynamics. They did report a ca. 50 ps component
for the U<>U dimer, but it is not clear whether this
component was due to repair or photoreactivation of FADH•

(see below).

The difference in behavior with regard to semiquinone
buildup needs to be addressed as well. Langenbacheret al.
found that reducedE. coli photolyase oxidized to the
semiquinone (PLred

- f PLsq
•) at intensities above 100µJ/

mm2 regardless of whether substrate was present or absent.
We also found that photooxidation occurred inA. nidulans,
but only in the presenceof substrate, even though the
excitation intensity in our experiments was higher than that
of Langenbacheret al. In our experiments, reducedA.
nidulansphotolyase was stable to oxidation in the absence
of substrate and oxygen. There are other significant differ-
ences between the two experiments. Perhaps the most
important difference lies in the structure of the antenna
chromophore domain following the removal of this pigment.
As was stated above,A. nidulansis overexpressed inE. coli
without the antenna chromophore. Chemical reduction of the
folate with borohydride (39) was used to remove this
molecule fromE. coliphotolyase (7). However, this approach
may compromise the structural integrity of the folate-binding
domain of the protein (39). It is possible that this also leads
to a compromised ability to retain the hydroquinone state
under irradiation. It will be interesting to useE. coli protein
that has been folate-depleted by gentler methods (27, 40) to
see if this is indeed the case. Still, this discrepancy is
unresolved, and further experiments are needed to understand
whether semiquinone buildup is an artifact of our experi-
mental conditions or whether it signals a reassessment of
the commonly accepted catalytic cycle as given for the5 f
6 conversion in Scheme 1.

The use of longer pulses excitation might also hide the
semiquinone buildup we observed in our experiments. The
results of Aubertet al. have shown that the initial electron-
transfer step in photoreactivation (2PLsq

• f PLred
-) has a

lifetime of ∼30 ps forE. coli PL (14). Taken together with
our results, it appears that photoreduction of the flavin
semiquinone will occur nearly simultaneously with repair
for experiments that utilize laser pulses of greater than∼30
ps. Since we measured no reactivation of PLsq

• under our
experimental conditions, it is possible that the longer time
constants associated with electron transfer by tryptophan
radicals during inadvertent photoreactivation could be aver-
aged into data obtained with longer photolysis pulses and
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exacerbated by repeated photolysis of the same sample
volume.

It is premature, however, to conclude that back electron
transfer from the repaired substrate to the flavin cofactor is
not the pathway for reactivation of the flavin semiquinone
for the next catalytic cycle. Our time-resolved experiments,
with evidence of semiquinone buildup, are at odds with
steady-state quantum yield experiments from several labo-
ratories that give repair quantum yields between 0.7 and 0.9
(41-43). Such a high yield would be inconsistent with the
requirement for a second photon to photoreduce the flavin
semiquinone to its catalytically relevant state. On the other
hand, theory (44, 45) and experiment (46) suggest that
thymidine radical anions are stabilized by adjacent basesVia
resonance. This stabilization may play an important role in
the final repair step of the CPD after bond scission by
photolyase. Although a thymidine radical anion is undesirable
with regard to DNA integrity, the environment of the cell
could easily provide an acceptor for the excess electron. In
addition, reduction of the semiquinone from a different
chemical source would be consistent with the measured repair
quantum yields. Experiments designed to address these issues
are planned.

The much faster electron-transfer lifetime found in this
work, 32 ps, requires a rethinking of the electronic coupling
between the1FADH- and the initial acceptor. This in turn
suggests that the initial acceptor may be much closer to
the flavin than predicted by most theoretical treatments
(47-49). As such, our results qualitatively support the
experimental work of Parket al. (50), Berg and Sancar (51),
and our group (15), as well as the theoretical treatment of
Antony et al. (52). All of these studies are based on theE.
coli protein so it is possible that the difference in electron-
transfer kinetics betweenA. nidulansandE. coli photolyase
accounts for the discrepancy, though we think that this is
unlikely.

Our data do not as yet allow us to assign the identity of
the initial acceptor, but the 60 ps zero crossing suggests that
repair of the CPD begins by this time. If this is the case, it
implies that the energy barrier for the first bond scission
(C5-C5′ or C6-C6′) may be low or zero. However, given
that ∆A increases up to 1500 ps, more than 5× 1/e times
the zero crossing obtained in the pentameric kinetics, it does
not seem likely that both CdC bonds are re-formed im-
mediately after electron transfer. These data suggest that
repair proceeds sequentially rather than in a concerted fashion
and that the there is a significant barrier for the second step
in the process. Interestingly, Langenbacheret al. have
measured an activation barrier of 0.45 eV for bond splitting
in E. coli PL for the U<>T dinucleotide substrate (7). Using
a lifetime of 600 ps at room temperature this activation
energy gives a prefactor of∼9 × 1016 s-1. This is much
higher than expected for any vibrational frequency that might
become the coordinate for the transition state.

To gain further insight into the CPD repair mechanism
will require higher signal-to-noise data using the approach
employed herein. However, we expect that a visible light
probe coupled with the use of the HeNe laser to keep the
protein reduced will yield a representation of the repair
intermediates that is more accurate than what has been
possible. The use of a broadband probe under these condi-
tions will allow for the measurement of decay-associated

spectra that will give more information about the intermedi-
ates in the reaction. With the insights gained from this work,
we hope that such experiments will lead to a convincing
model of the repair mechanism in photolyase.

CONCLUSION

Our results suggest that previous kinetic measurements
using dinucleotide substrates may have been sensitive to only
a fraction of enzyme-substrate complexes that exhibit the
true electron-transfer and repair kinetics of this system. This
interpretation is supported by the absence of a blue shift in
the d(T<>T)2-PLox complex and by the dependence of the
electron-transfer and repair kinetics on the concentration of
small CPD substrates. Ultraviolet transient absorption kinetics
show a fast (ca. 32 ps) exponential decay component that
represents the rate of electron transfer from enzyme to
substrate. The time scale for this event is much shorter than
previously considered and suggests that the cofactor-
substrate distance is shorter than previously thought. Our
results also suggest that repair takes place by a sequential
mechanism and that the first bond-breaking step is nearly
activation-less. Finally, the evidence suggests that, at least
for A. nidulansphotolyase, the flavin cofactor might remain
in the semiquinone state following repair. The PLsq

• f PLred
-

reactivation would then occur by a subsequent reduction
event that is distinct from the repair process. Whether this
step is photoactivated, eitherin ViVo or in Vitro, remains to
be elucidated.
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